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ABSTRACT

The aerial surfaces of plants are covered with a wax layer that is primarily a wa-
terproof barrier but that also provides protection against environmental stresses.
The ubiquitous presence of cuticular wax is testimony to its essential function.
Genetic and environmental factors influence wax quantity and composition,
which suggests that it is an actively regulated process. The basic biochemistry of
wax production has been elucidated over the past three decades; however, we
still know very little about its regulation. This review presents a discussion along
with new perspectives on the regulatory aspects of wax biosynthesis. Among the
topics discussed are the partitioning of fatty acid precursors into wax biosynthe-
sis and the elongation of fatty acids with particular emphasis on the nature of the
acyl primer, and the role of ATP in fatty acid elongation. The recent cloning of
wax biosynthetic genes and the transport of wax to plant surfaces are also dis-
cussed.
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INTRODUCTION

Waxes are the waterproofing component of the plant cuticle and are therefore
essential for life in an aerial environment. They are embedded within cutin or
suberin polymers and continue as an amorphous layer on the outer surface of
the plant. In many plants, epicuticular wax crystalline structures overlay this
layer, which gives the plant surface a glaucous or gray appearance. Plants de-
ficient or altered in surface waxes appear shiny, glossy, or bloomless. This
distinct and easily observed phenotype has been widely used in the isolation
of mutants defective in wax production.

The cuticle provides the first line of defense between the plant and its en-
vironment; the cuticular waxes shed rainwater from the plant surface and
limit nonstomatal water loss. In addition, waxes may protect plants from bac-
terial and fungal pathogens (52) and play a role in plant-insect interactions
(26). Its hydrophobicity makes wax a good solvent for organic pollutants and
impedes the uptake of aqueous foliar sprays without the addition of surfac-
tants. In addition, the reflective nature of waxes offers some protection
against damaging UV radiation.

Several excellent reviews over the past fifteen years have covered wax
biosynthesis and composition, wax-deficient mutants, and wax function (19,
100, 100a). Therefore, this review focuses primarily on recent developments
and their importance to our understanding of plant wax biosynthesis and its
regulation. Emphasis is on the major wax biosynthetic pathways (studied
most extensively by biochemical and molecular biological approaches) : de-
carbonylation, acyl-reduction, andβ-ketoacyl elongation.

BIOSYNTHESIS OF WAXES

Composition of Plant Waxes
By definition, cuticular waxes are the hydrophobic compounds on the surface
of the plant that are removed by a brief immersion in an organic solvent such
as chloroform or hexane. They are complex mixtures of primarily very long
chain (VLC, >C18) fatty acids, hydrocarbons, alcohols, aldehydes, ketones,
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esters, triterpenes, sterols, and flavonoids (51, 105). The proportions of the
major classes vary among plant species (Table 1). For example, alkanes and
ketones are major components of leek leaf,Arabidopsisstem, andBrassica
leaf waxes but are very low or undetectable in barley and maize leaves. Pea-
nut and alfalfa are rich in alkanes but have no ketones. The major compo-
nents in alfalfa leaf wax are primary alcohols, compared with peanut leaf, in
which the major wax components are fatty acids. InArabidopsis, the propor-
tion of ketones in the leaf wax is 30-fold lower than the proportion of ketones
in the stem wax.

Each lipid class of the cuticular wax may be present as a homologous se-
ries, or one particular chain length may predominate. When the major lipid
class has a predominating homologue, characteristic wax crystals form on the
plant’s aerial surfaces. The shape and appearance of these crystals are due to
the physical-chemical properties of the wax composition. For example, lobed
plates are associated with a high proportion of the C24 species in the primary
alcohols, which is the major class of cuticular wax onQuercus robur(oak)
leaves (33). Long thin tubes are characteristic of large amounts ofβ-dik-
etones onHordeum vulgare(barley) lemma (100), and transversally ridged
rodlets are associated with high levels of hentriacontan-16-one on leaf sur-
faces of members of the subclass Magnoliidae (33). There are also reports of
similar crystalline structures from differing compositions (68).
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Table 1 Major epicuticular lipid classes among several plant species

Classes Leek1 Barley2 Maize3 Arabidop-
sis4 stem

Arabidop-
sis5 leaf

Bras-
sica6

Peanut7 Alfalfa8

Fatty acids 6.49 10.3 tr10 3.2 3.6 1.9 38.1 N.D.11

Aldehydes 10.8 1.7 20.0 5.9 2.1 3.9 2.4 20.5

Alkanes 31.0 tr 1 38.0 73.6 40.3 35.7 20.0

2° alcohols N.D. N.D. N.D. 10.3 0.7 11.9 N.D. N.D.

Ketones 51.8 N.D. N.D. 30.4 1.2 36.1 N.D. N.D.

1° alcohols N.D. 83.0 63.0 11.8 18.5 1.9 23.8 48.4

Wax esters N.D. 4.7 16.0 0.8 0.2 3.9 N.D. 11.0

1. Allium porrum,Y Rhee & D Post-Beittenmiller, unpublished manuscript.
2. Hordeum vulgare,primary leaves (32a).
3. Zea maysseedlings (6).
4. A. thaliana(Landsbergerecta,ecotype) stem. Data are averages of two reports (37, 46).
5. A. thaliana(Landsbergerecta,ecotype) leaf (46).
6. Brassica oleracealeaf (91).
7. Arachis hypogaea,branch base leaves (111).
8. Medicago sativa,seven-day old leaves (6a).
9. % total
10. tr, trace (≤0.5%).11. N.D., not detected.



Cuticular wax composition varies among and within species. The same
plant may show organ-to-organ differences, tissue-to-tissue differences, and
developmental differences. GC and scanning electron microscopy analyses
have revealed organ-specific differences in wax composition and content on
Arabidopsisstems (37), leaves (46), pollen (82), and siliques (53) (Figure 1);
between barley spikes and leaf blades (100); and betweenZea mays(maize)
leaf and pollen (12). Tissue-specific differences are exemplified by the adax-
ial and abaxial leaf surfaces ofPisum sativa(pea) that differ by 10-fold in the
level of alkanes (99). Developmental changes in wax production are ob-
served in the leaves ofTilia tomtentosa(silver lime trees). Approximately 15
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Figure 1 Scanning electron micrographs of wild-type and mutantArabidopsisstems (top) and
siliques (bottom). Wild-type stems and siliques (left) are characterized by a predominance of varied
tubes and lobed plates, respectively. Stems and siliques ofcer7mutants (center) have both reduced
numbers of crystals and altered crystalline structures. Siliques ofcer17mutants differ little from
wild-type siliques, whereascer17stems have few tube structures characteristic of wild type (right)
(J Chen & D Post-Beittenmiller, unpublished information).



days after unfolding, the leaves begin to synthesize large amounts of waxes,
in particularβ-amyrenyl acetate and long chain aldehydes (35). Another ex-
ample of developmental changes in wax production is found in juvenile and
adult maize leaves. Young leaves have predominantly primary alcohols
(63%), and older leaves have predominantly wax esters (42%) (4, 11). Fi-
nally, wax esters are not restricted to the cuticle but also occur as the major
storage lipids in jojoba (80) and are minor components of olive oil (13).

The ubiquitous presence of cuticular wax is testimony to its essential func-
tion to waterproof the plant, and its immense diversity is evidence of its many
successful adaptations to an aerial environment while enhancing its useful-
ness as protection for plants against biotic and abiotic stresses. Underlying
this diversity are sophisticated controls on gene expression at the organ and
tissue levels and under a wide range of developmental cues.

De Novo Synthesis and Very Long Chain Fatty
Acid Elongation

The precursors of wax biosynthesis are fatty acids that are likely derived
from de novo synthesis in plastids. In plants, de novo fatty acid biosynthesis
is catalyzed by a series of enzymatic steps, collectively referred to as fatty
acid synthase (FAS) (78). The initiation of fatty acid synthesis is the conden-
sation of malonyl-acyl carrier protein (ACP) with acetyl-CoA (42), followed
by the sequential reduction of 3-ketoacyl-ACP, the dehydration of 3-
hydroxyacyl-ACP, and the reduction oftrans-∆2-enoyl-ACP. The fatty acyl
primer remains esterified to the ACP cofactor and is further extended—two
carbons at a time—by the donor, malonyl-ACP. For each two-carbon addi-
tion, there is a sequential round of condensation, reduction, dehydration, and
second-reduction steps. NAD(P)H serve as reducing equivalents for the two
reductases. The long chain products (C16, C18) are subsequently processed
by one or more enzymes, including stearoyl-ACP desaturase, plastidial acyl-
transferases, and acyl-ACP thioesterases (hydrolases). Fatty acids are then
utilized for glycerolipids, waxes, or cutin and suberin biosynthesis, depend-
ing on the tissue type and developmental stage.

Although de novo fatty acid synthesis occurs ubiquitously, cuticular wax
biosynthesis occurs almost exclusively in epidermal tissues (48, 59). The pri-
mary enzyme activity characterizing wax biosynthesis is fatty acid elonga-
tion. Among membrane lipids, only relatively minor amounts of fatty acids
longer than C18 are found (16). In contrast, the majority of wax components
are derived from very long chain fatty acids (VLCFA) that are 20–32 carbons
in length; fatty acids esterified to alcohols may be 40–60 carbons in length.
These VLCFAs are produced from fatty acid precursors (C16 or C18) that are
elongated extraplastidially by microsomal enzymes, in a manner biochemi-
cally analogous to de novo fatty acid synthesis. The acyl chains undergo the
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same four basic reactions of condensation, reduction, dehydration, and a sec-
ond reduction, for each two-carbon elongation, and these four activities are
collectively termed elongases (98). Similar to FAS, NAD(P)H serve as the
reducing equivalents for the elongase reducing activities (51). However,
there are some notable differences between FASs and elongases. First,
VLCFA elongation does not occur on ACP, and malonyl-CoA, rather than
malonyl-ACP, serves as the two-carbon donor (2, 3). Second, elongases are
extra- plastidial and membrane-associated rather than stromal and soluble
(17, 107). Third, elongases have an apparent but as yet undefined require-
ment for ATP (17, 28). Therefore, on the basis of these differences, de novo
synthesis refers to the FAS-catalyzed plastidial extension of acyl-ACPs, and
elongation refers here to the microsomal extensions of the fatty acyl chain by
elongases. This distinction is made for clarity because of inconsistencies in
the literature in which the plastidial C16:0 to C18:0 extension is referred to as
an “elongation reaction.”

Because of their essential role in wax production, elongases have been one
of the most studied of the wax biosynthetic steps (100). In addition, the corre-
sponding seed elongases have also been studied extensively because the seed
oil storage components of the Brassicaceae and jojoba (triacylglycerols and
liquid wax, respectively) contain significant levels of the agronomically im-
portant VLCFA, erucic acid (C22:1). Seed elongase components have been
cloned only recently (41, 54a).

Multiple Elongation Systems

Over the past three decades, ample evidence has been obtained demonstrat-
ing multiple elongation systems involved in wax biosynthesis, which are both
sequential (generating a homologous series) and parallel reactions (generat-
ing different lipid classes) (98). A single elongase catalyzing sequential reac-
tions is exemplified by seed elongases. The condensing enzyme component
of a seed elongase has been cloned from jojoba and catalyzes three elonga-
tion steps from C18:1 to C24:1 (54a). The corresponding gene,FAE1, has
been cloned fromArabidopsis(41). Although the cloned sequences have not
been expressed nor the enzyme activity assayed, thefae1mutant is defective
in the two elongation steps from C18:1 to C22:1 (54, 55). In contrast, parallel
elongases catalyze extensions leading to the production of different wax
classes, as shown in Figure 2. In this simplified scheme, the decarbonylation
(A), acyl-reduction (B), andβ-ketoacyl-elongation (C) are shown as distinct
and parallel pathways. All three pathways are found in the epidermal tissue
of most plants, but their relative contributions to the cuticular wax composi-
tion vary from organ to organ and species to species.

The decarbonylation pathway results in the production of aldehydes, odd
chain alkanes, secondary alcohols, and ketones. Early studies referred to this
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pathway as the decarboxylation pathway because it was thought that odd
chain (n-1) compounds were generated by a decarboxylation of the corre-
sponding even chain (n) fatty acid. It was demonstrated, however, that an al-
dehyde intermediate is generated and that carbon monoxide, not carbon diox-
ide, is released (21). Although decarbonylation occurs in plants and microor-
ganisms (23), insects use a cytochrome P450-dependent decarboxylation to
generate the odd chain hydrocarbon (Z) 9-tricosene (85).

The acyl-reduction pathway produces aldehydes, primary alcohols, and
wax esters derived from the esterification of fatty acids and primary alcohols.
In developing jojoba seed, the two-step reduction from fatty acid to primary
alcohol is catalyzed by one enzyme, and the aldehyde intermediate does not
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Figure 2 Three primary wax biosynthetic pathways. Pathways depict only the major steps and are
not intended to provide biochemical detail. Although pathways are shown as distinct and separate,
some intermediates (e.g. aldehydes) may be shared among the pathways.



accumulate (80). InBrassica oleracealeaf, the aldehyde intermediate accu-
mulates, and the two reduction steps are catalyzed by separate enzymes (49).

The β-ketoacyl-elongation pathway results in the production ofβ-dik-
etones and their derivatives.β-diketones are a major component of the cu-
ticular wax of barley spike, uppermost leaf sheath, and internode (103) and
are found as minor components of other plant species such as Brassicaceae
and carnation (105). Elegant analyses of barleycer-cqumutants elucidated
this third pathway and clearly demonstrated thatβ-ketoacyl elongation was
catalyzed by an enzyme system separate from the acyl-reduction and decar-
bonylation systems (69, 70, 102, 103).

In some plants, the decarbonylation and acyl-reduction pathways may
share some or all of the fatty acid elongation reactions and may differ only in
the modifying enzymes that act on the elongated fatty acids and their deriva-
tives. Theβ-ketoacyl-elongation pathway is clearly a separate and parallel
elongation pathway in barley (102). Much of the data that distinguish sequen-
tial and parallel pathways are derived from inhibitor studies and the charac-
terization of wax-deficient mutants. Studies include photoperiod and chemi-
cal inhibition (97). These studies demonstrate that an individual elongation
step or a single pathway may be affected without affecting the other parallel
pathways. For example, dithiothreitol and 3-mecaptoethanol inhibit synthesis
of hydrocarbons but do not affectβ-diketone synthesis. In contrast, cyanide
affectsβ-diketone synthesis but not hydrocarbon synthesis (70). Similarly,
the sequential condensation steps of de novo fatty acid biosynthesis are dif-
ferentially inhibited by some of the same chemicals. Cerulenin, a well-
characterized inhibitor of 3-ketoacyl synthases, specifically inhibits the C20
to C22 elongation step in leek epidermis (2) but has no effect on the sequen-
tial elongation of C22 (28). In contrast, cerulenin does not inhibit the seed
elongases ofBrassica napusor Arabidopsis(A Hlousek Radojcic, H Imai &
J Jaworski, personal communication). Individual mutants inArabidopsisand
maize specifically block C28 and C30 elongation steps (6, 37). These studies
together suggest that there may be many elongase systems involving seven
sequential reactions for two or three parallel pathways. In the case of the con-
densing enzymes for de novo fatty acid synthesis, the chain-length specifici-
ties are not rigid and show some overlapping activities in vitro. This may also
be true for the elongase condensing enzyme reactions. Evidence indicates
that the modifying reactions (e.g. aldehyde reductase) do not have chain
length specificities (52). However, these conclusions are based on measure-
ments of in vitro activities and should be viewed with caution. In vivo activi-
ties may be more selective than in vitro activities.

The parallel pathways are responsible for the wide diversity of cuticular
wax composition. Each parallel pathway consists of sequential elongation re-
actions that terminate with chain modifications or with the release of free
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elongated fatty acids. However, the extent to which the intermediates are
shared among pathways is unclear. For example, aldehydes are intermediates
of both the decarbonylation and the acyl-reduction pathways, but it is not
known whether one fatty acid reductase generates aldehydes for both thedecar-
bonylase and the aldehyde reductase (such that these enzymes compete for
the same substrate pool) or whether there are two fatty acid reductases and
channeling of substrates limits competition.Arabidopsis cer4mutants are
postulated to be defective in aldehyde reductase (37, 46). In the mutant plants,
there is alarge increase in aldehydes and a decrease in primary alcohols
(acyl-reductionpathway) but no change in the products (alkanes, secondary al-
cohols, and ketones) of the decarbonylation pathway (37, 46). The C28 primary
alcoholpredominates in wild-typeCER4,whereas the C30 alcohol predomi-
nates in the mutantcer4 (37). This surprising result suggests that the C28
fatty acid, in the absence of a C28 reductase activity, is elongated to the C30
fatty acid and reduced to the corresponding alcohol (presumably through an
aldehyde intermediate) but apparently does not enter the decarbonylation
pathway, because there is no increase in the C29 alkane (46a). The lack of an
increase in alkanes indicates that aldehyde intermediates may not be readily
shared between the pathways, such as might occur when parallel pathways
exist as organized complexes.

BRANCH POINTS WITH OTHER LIPID BIOSYNTHETIC
PATHWAYS

Fatty acids produced in the plastid from de novo synthesis are utilized by at
least three biosynthetic pathways that lead to the production of glycerolipids,
waxes, and cutin or suberin. The partitioning of fatty acyl precursors among
these pathways is likely to be a key regulatory point that controls both the
quantity and quality of cuticular lipids. In most vegetative tissues, de novo
synthesized C16:0 and C18:1 are the fatty acid precursors for glycerolipid
biosynthesis, whereas the precursors for cuticular wax biosynthesis are pri-
marily saturated fatty acids, probably derived from C18:0 as discussed be-
low, although alkenes are minor components of some cuticular waxes (105).
Cutin and suberin are polymers of C16:0 and C18:1 hydroxy fatty acids (14,
50). Thus, following de novo fatty acid biosynthesis, a partitioning occurs
that delivers C16:0 and C18:1 fatty acids to glycerolipid or cutin/suberin bio-
syntheses and C18:0 to wax biosynthesis. Presently, the mechanisms that
regulate this partitioning are not understood. Partitioning of precursors into
these pathways may be accomplished by enzyme specificities or by substrate
availabilities (compartmentalization and/or metabolic channeling). For ex-
ample, storage and membrane glycerolipids exhibit strong fatty acid bias be-
cause of the substrate specificities of acyl transferases (31). Such specificity,
however, may only be necessary for branch point enzymes, and enzymes
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later in the branch pathway may not exhibit narrow substrate specificities. An
alternative is that fatty acid partitioning may arise from the supply of specific
fatty acids in individual cell types. For example, saturated fatty acids may be
elongated in epidermal cells because they are the most abundant in those
cells. Similarly, monounsaturated fatty acids may be elongated in seeds be-
cause they are most abundant in seeds. Partitioning may therefore be due to
the supply of fatty acids rather than to the specificities of the enzymes utiliz-
ing the fatty acids.

Termination of Plastidial Fatty Acid Biosynthesis

A tissue in which substantial partitioning must occur (among glycerolipid,
wax, and cutin biosyntheses) is leek epidermis. In leek, epicuticular waxes
comprise >15% of the total leaf lipid (exclusive of cutin) of which >90% is
derived from saturated precursors (61; D Post-Beittenmiller, unpublished
data) Only the epidermal cells, which constitute <4% of the leaf fresh weight,
contribute to the wax layer. Unlike other cell types in plant vegetative organs
(where lipid synthesis utilizes about 10% of the carbon), lipid synthesis in
epidermal cells is probably the most dominant metabolic pathway to which
carbon is allocated. Potentially significant steps in the regulation of wax pro-
duction in the epidermis are first, the generation of sufficient fatty acid pools
and second, the partitioning of fatty acid precursors among wax biosynthesis,
membrane glycerolipid, and cutin or suberin biosynthesis. Therefore, it is im-
portant to understand how epidermal cells generate sufficiently large pools of
saturated fatty acids (probably C18:0) to support wax biosynthesis while lim-
iting their entry into glycerolipid and cutin or suberin biosynthesis.

When total leaf extracts are assayed for acyl-ACP hydrolyzing activity
(acyl-ACP thioesterases), the major activity is directed against oleoyl-ACP
(18:1-ACP) (79), which reflects the abundance of unsaturated fatty acids in
total leaf glycerolipids. However, when epidermal tissue is removed and as-
sayed separately, acyl-ACP hydrolyzing activities toward saturated acyl-
ACPs are significantly higher compared with total leaf extracts (61). Both
palmitoyl-ACP (16:0-ACP) and stearoyl-ACP (18:0-ACP) hydrolyzing ac-
tivities are present in leek (Allium porrum) epidermis (61; D Liu & D Post-
Beittenmiller, unpublished manuscript). The stearoyl-ACP thioesterase
(STE) activity is highly, if not exclusively, expressed in epidermis and has a
high specificity for 18:0-ACP (61). Although additional studies directly link-
ing STE activity with wax production are required, the relative activities of
stearoyl-ACP desaturase and STE are presumed to be responsible for gener-
ating the extraplastidial stearate pool in the epidermis.

Either palmitate (C16:0) or stearate (C18:0) could be the initial saturated
substrate for wax biosynthesis. The relative levels of these two fatty acids are
determined in part by the activity of 3-ketoacyl-ACP synthase II (KAS II),
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which catalyzes the two-carbon extension from C16:0 to C18:0 (88). It was
previously reported that KAS II activity is not detectable in leek epidermis,
which suggested that extraplastidial elongation begins with C16:0 (60). How-
ever, in rapidly expanding leek epidermis, KAS II activity is detected (81).
Substrate specificity studies of microsomal elongases (prepared from rapidly
expanding leek epidermis) also indicate that the rate of C16:0 elongation is
low compared with the rate of C18:0 elongation (KJ Evenson & D Post-
Beittenmiller, unpublished manuscript). Similarly, jojoba elongase utilizes
C16:0 approximately 10- to 20-fold less efficiently than C18:0 (54a). The oc-
currence of an epidermally expressed STE also implies that there is a pool of
stearoyl-ACP in leek epidermis on which this enzyme acts. These data to-
gether suggest that stearoyl-ACP is generated in the epidermis by KAS II, the
stearoyl-ACP is hydrolyzed by STE, and extraplastidial elongation begins with
a C18:0 primer. It should be noted that there are also palmitoyl-ACP thioes-
terases (24; D Liu & D Post-Beittenmiller, unpublished manuscript) that may
generate extraplastidial palmitate. This palmitate, however, may be a precursor
for glycerolipid and cutin biosynthesis rather than a substrate for elongation.

An alternative mechanism for partitioning fatty acids into wax, glycero-
lipid, or cutin or suberin biosynthesis may be based, in part, on the substrate
specificity of the elongase. Agrawal and coworkers demonstrated that leek mi-
crosomal elongases utilize only saturated endogenous primers (2). However,
when longer monounsaturated primers (≥C20:1) are supplied, these are elon-
gated (3). The researchers postulated that the specificity for saturated primers
lay with the first elongation step (C18:0 to C20:0) and that monounsaturated
primers (C20:1) could be elongated as well as the corresponding saturated
primers. In contrast, the partially purified leek epidermal elongase does not
show a strict substrate specificity; it will elongate C18:1 as well as C18:0 (57).
Recent studies with microsomes prepared from rapidly expanding leek show
a preference for C18:0 > C16:0 > C18:1 (KJ Evenson & D Post-Beitten-
miller, unpublished manuscript). In addition, seed extracts fromArabidopsis
(54) and jojoba (54a) will elongate saturated primers (C18:0 to C24:0) at rates
comparable to the corresponding monounsaturated primers, although the seed
oils contain VLC monounsaturated fatty acids. One simple explanation for
these apparently contrasting results in seed is that the in vivo supply of fatty
acids is predominantly monounsaturated and that elongases do not have a strict
substrate specificity; rather, they elongate whatever fatty acid is supplied.

What Are the Substrates for Elongase Condensing Enzymes?

As discussed above, following termination of plastidial fatty acid synthesis
and export of the fatty acid out of the plastid, fatty acids are extended by
membrane-associated elongases. In both plants and animals, in vitro fatty
acid elongation occurs when microsomes from appropriate tissues are incu-
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bated with labeled malonyl-CoA, NAD(P)H, and ATP. This activity is inde-
pendent of supplied fatty acyl primer; therefore, a pool of endogenous primer
is present in microsomal preparations. In leek epidermal microsomes, this pool
is substantial because elongation in the absence of primer is 80% of the activity
in the presence of supplied primer (28). When supplied, both acyl-CoAs and
free fatty acids are effectively elongated by microsomes, but the elongation of
fatty acids has an absolute requirement for ATP. Elongation rates in the pres-
ence of acyl-CoA but in the absence of ATP are 10–20% of the rates in the
presence of ATP. The ATP requirement has often been attributed to its in-
volvement in acyl-CoA synthetase (ligase) activity that generates and/or main-
tains the acyl-CoA primer pool (58). In a recent review of animal elongation
systems, Cinti concluded that the ligase activity under standard elongation con-
ditions (in the absence of supplied CoASH and fatty acids) is not adequate to
provide sufficient levels of acyl-CoA primer to achieve the microsomal elon-
gation rates routinely observed (22). Similar comparisons can be made with
respect to plant fatty acid elongation. First, the maximum rates of elongation
(in the absence of supplied CoASH) by plant microsomes range from 12 to
20 nmol/ mg/h (18, 28) compared with the maximal rates (<2 nmol/mg/h) of
microsomal acyl-CoA synthesis when no CoASH was supplied (58). The ap-
parentKm for CoASH in developing safflower microsomes is 24µM (40).
Under standard elongation conditions (in which CoASH is not supplied), the
CoASH required for acyl-CoA synthetase activity must either be endogenous
or result from the addition of malonyl-CoA. Commercial preparations of
[14C]malonyl-CoA contain <1% CoASH. Even if 10% of the added malonyl-
CoA (typically 100µM is used) were hydrolyzed because of microsomal hy-
drolases or improper storage conditions, the CoASH concentration would
only be 10µM, well below theKm for CoASH. In addition, if acyl-CoA syn-
thetase is required for elongation of fatty acids, addition of CoASH should
stimulate elongase activity. However, fatty acid elongation in microsomes
from rapidly expanding leek is inhibited by CoASH (28). Thus, this kinetic
analysis indicates that it is not possible for the microsomal acyl-CoA syn-
thetase to generate sufficient acyl-CoA primer for the elongation reaction
(40, 58; KJ Evenson & D Post-Beittenmiller, unpublished manuscript).

For reasons cited above, it seems unlikely that ATP is required for acyl-
CoA synthesis. If this is true, then why is ATP required, and how are free
fatty acids elongated by microsomal elongases? There may be another acti-
vated form of the fatty acid that serves as the primer for elongation. For ex-
ample, ATP may activate free fatty acids to an adenylated intermediate, simi-
lar to the acyl-AMP intermediate generated in the synthesis of acyl-CoA:

In the absence of an activated precursor, ATP hydrolysis may enable the
free fatty acid to bind directly to an active site cysteine of the condensing en-
zyme, or it may provide energy for the condensation reaction.
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Further evidence that acyl-CoA may not be the immediate substrate for
elongation comes from isotope dilution studies using microsomes from de-
veloping Brassica napusseeds (39a). In these studies, [14C]18:1-CoA was
used as the supplied primer and the percent14C of the substrates and the
elongated products were analyzed by GC/MS. These studies revealed that the
endogenous pool of C18:1-CoA was quite small and that the pools of C20:1-
CoA and C22:1-CoA were undetectable in freshly prepared microsomes,
whereas newly synthesized pools of C20:1- and C22:1-CoAs were readily
detected after 10 min of incubation with ATP and malonyl-CoA. The percent
14C in the elongated C20:1-CoA product was found to be 2–3-fold less than
the percent14C of the starting C18:1-CoA substrate, which indicates that the
[14C]18:1 moiety from the [14C]18:1-CoA was diluted by an endogenous
pool other than C18:1-CoA. Preliminary results with microsomes prepared
from leek epidermis were similar (A Hlousek-Radojcic, KJ Evenson, D Post-
Beittenmiller & JG Jaworski, unpublished manuscript). Clearly, in plants as
well as animals, the ATP requirement and the nature of the primer are not
adequately understood.

Partitioning Between Wax and Cutin or Suberin

Cutin is a major component of a plant’s aerial surfaces, whereas suberin is a
polymer associated with roots and wound sites. Cutin or suberin form the in-
soluble polymeric matrices that are impregnated with wax. They are biochemi-
cally and biosynthetically related to wax because they are biopolymers of oxy-
genated fatty acids (14, 50, 51). They are functionally related to wax in that
they are part of the cuticle and therefore serve as the initial barrier to the en-
vironment. Cutin and suberin monomers are derived from C16:0 and C18:1
fatty acids synthesized in the plastid (51). They are generated by a family of
mixed-function oxidases with activities similar to those of the decarbonyla-
tion andβ-diketoacyl-elongation pathways for wax biosynthesis (14, 100),
although the cutin/suberin oxidases probably do not utilize VLC precursors.

Cutin is made exclusively in the epidermis and therefore is another branch
point for partitioning fatty acid precursors. The contribution of saturated fatty
acids (as palmitate) is significant for C16:0-derived monomer biosynthesis;
therefore, partitioning between wax and cutin biosynthesis cannot be based
solely on saturation or unsaturation but must also be based on chain length.
Similarly, the monounsaturated fatty acid (C18:1) must be partitioned be-
tween glycerolipids and cutin. Glycerolipids do contain some saturated
C16:0 (16%) and C18:0 (1%) fatty acids (15a), and limiting rather than ex-
cluding saturated fatty acids is an important part of partitioning. In Figure 3,
a simple schematic illustrating the complexity of partitioning C16 and C18
fatty acids among the three major lipid synthetic pathways in epidermis in
shown.
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MOVEMENT TO THE OUTER SURFACES

One of the still mysterious aspects of cuticular wax production is the move-
ment of hydrophobic wax components to the plant surface. Early SEM stud-
ies led to speculation about two modes of movement: passage through well-
defined pores and general diffusion through microscopic spaces in the cell
wall (43). The former hypothesis is based on the uneven distribution of wax
epicuticular structures and the presence of putative pores on the surfaces of
some plants (100). The latter hypothesis is based on the ubiquitous and amor-
phous coating of wax throughout the cuticle and over the plant surface, and it
suggests that cuticular wax is exported at continuous or very frequent inter-
vals. The epicuticular crystalline structures most likely result from the
physical-chemical properties of the wax, i.e. the concentrations and types of
the specific components, rather than as a result of a transport process. Corre-
lations between wax composition and wax structure, as discussed above, sup-
port this hypothesis. Recrystallization studies of wax on spruce needles (that
were mechanically injured) show that wax tubes re-form to their original
crystalline structure even on nonviable needles, i.e. in the absence of new
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Figure 3 Schematic showing export of fatty acids from the plastid and partitioning between the
three lipid biosynthetic pathways in epidermis. FAS, fatty acid synthase; KAS II, 3-ketoacyl-ACP
synthase II; OTE, oleoyl-ACP thioesterase; PTE, palmitoyl-ACP thioesterase; STE, stearoyl-ACP
thioesterase.



synthesis or export (7). SEM studies ofSorghumsheath tissues demonstrate
that wax filaments are secreted at sites around papillae (raised surfaces) on
the cork cells. These filaments are associated with intracellular vesicles
whose density increases as wax production is induced by light (45). There is
no evidence for channel or pore involvement. Although the composition of
the vesicles is unknown, they may contain proteins involved specifically in
the transport of wax components to the cell surface.

Lipid transfer proteins (LTP) are small, abundant basic proteins that were
first identified in animals as possible intracellular carriers of lipids (between
membranes or between organelles). They have also been found in microor-
ganisms and in plants (110). The lipid transfer function of plant LTPs has
been reported for spinach leaves (86), maize seedlings (25), barley seeds (15,
66), and castor beans (106). They are expressed in the epidermal tissues of a
variety of organs including barley aleurone cells (47), leaves and coleoptiles
(32), apical meristems (30), and flower buds, but not in roots (83). Immu-
nogold localization studies indicate LTPs are cell wall proteins (94). They
have also been isolated from the surface waxes of plants (84). The discovery
that LTPs move vectorally into the lumen of the endoplasmic reticulum (8,
67) and are secreted to the cell walls and outer surfaces led to speculation that
they may be involved in transporting cuticular lipid components (waxes and
cutin or suberin monomers) (89, 90). Although it has been postulated that
LTPs transport lipids through the ER and deposit them on the outer surfaces,
the abundance of lipid molecules compared with LTPs is a strong stoichio-
metric argument against such intracellular transfer. Furthermore, the LTPs do
not return to the ER lumen for additional lipid transfer, which limits the
number of lipid molecules that could be transferred. It is more likely that the
movement of LTPs into and through the ER lumen is part of their own secre-
tion process and that association with lipids in the lumen is due to the hydro-
phobic nature of LTPs. After LTPs are secreted to the outside of the cell wall
and cuticle, an environment in which LTPs are likely to move freely, they
may be part of a facilitated diffusion mechanism that moves cuticular lipids
from the outer layer of the plasma membrane, through the cell wall and cuti-
cle, to the plant surface.

GLOSSY MUTANTS AND THE CLONING OF WAX-
RELATED GENES

Mutants with deficient or altered wax coatings have been identified by their
nonglaucous or glossy appearance. There are no reports of mutants that are
completely deficient in cuticular wax, probably because of the vital function
that waxes play in waterproofing the plant cuticle. In many plants, the mutant
phenotypes affecting the major wax classes are easily observed by visual ex-
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Table 2 Mutants defective or altered in wax productiona

Species Locus Biochemical and genetic phenotypeb Cloned References

Barley cer-cquc a. loss ofβ-ketoacyl elongation pathway
b. defective in 3 enzymatic functions
c. multifunctional protein

no 102, 103

cer-yyc a. dominant (all 17 alleles)
b. regulatory
c. affects two pathways
d. changes spike wax into leaf wax

no 62

cer-nc a. both dominant and recessive alleles
b. affects two pathways
c. regulatory

no 63

Maize gl1c a. blocks early steps or interferes with
precursor supply

b. epistatic relationships:gl8 > gl1 > gl7

transposon
tagged, gene
product
unknown

6, 39, 65,
96

gl2, gl4,
gl16

a. structural genes
b. blocks C30 elongation

gl2 andgl4 tagged 6, 96

gl3 a. structural gene
b. blocks C28 elongation

transposon tagged 6, 65

gl5 a. increased aldehydes, block in
aldehyde reductase

transposon tagged 65

gl6 transposon tagged 65

gl7 a. regulatory gene
b. blocks early steps
c. epistatic relationships:gl8 > gl1 > gl7

no 6

gl8c a. blocks early steps or interferes with
precursor supply

b. epistatic relationships:gl8 > gl1 > gl7

β-ketoacyl
reductased

6, 39, 65,
96

gl9c a. altered leaf morphology no 87

gl11 a. structural gene for EDIa component
b. loss of aldehydes with no loss of 1°

alcohols
c. possible fatty acid reductase

no 6

gl12 transposon tagged 6, 65

gl15c a. mutant precociously develops adult
leaves

b. glossy phenotype is secondary

homologue of
APETALA2d

27, 73, 96

Sorghum bm22 a. cuticle mutant with reduced wax load no 44

Arabidopsis cer1c,d a. structural gene for decarbonylase transposon and
T-DNA tagged

1, 37, 46,
53, 56

cer2c a. regulatory
b. blocks C28 elongation and accum-

ulates products of reductive pathway
c. altered stem wax but normal leaf wax

T-DNA tagged
and cloned by
walking, gene
product
unknown

37, 39, 46,
53, 75

cer3 a. release of fatty acid from elongase
complex

T-DNA tagged 37, 38, 46,
53

cer4 a. block in aldehyde reductase T-DNA tagged 36, 37, 46,
53, 56



amination. Therefore, this phenotype is used extensively as a marker for ge-
netic studies and in breeding programs. Changes in a minor wax component
are less likely to have a discernible effect and therefore have not been found.
Similarly, plants that overproduce wax are not readily detected by a visual
screen. Table 2 is a partial listing of wax mutants in barley, maize,Sorghum,
andArabidopsis,their phenotypes, and reported progress toward the isolation
of corresponding genes. Wax-deficient mutants have also been found in other
species, such as pea and broccoli, but are not listed here.

Barley

Some of the most elegant characterizations ofglossyor eceriferum(cer) mu-
tants have been conducted in barley by von Wettstein-Knowles and cowork-
ers (97, 98, 100). More than 1560cermutants have been characterized repre-
senting 85 complementation groups (100). Most of these complementation
groups probably represent loci that are involved in the production of cuticular
wax (biosynthesis, transport, and regulation), although developmental genes
(as discussed below for maizegl15) cannot be ruled out at this time. More
than 30 enzymatic steps are required for the biosynthesis of the major wax
components in most plants. This estimate is undoubtedly low because it does
not account for differences in organ-specific or developmental expression,
differences in substrate chain length specificities, transport to the plant sur-
face, or biosynthesis of minor components. Differences in substrate specifici-
ties would presumably result from isozymes (i.e. different loci), whereas dif-
ferences in expression may be due to a single gene that is differentially ex-
pressed under a variety of developmental stages; or differences in expression
may be due to several genes, each expressed only during specific develop-
mental stages or in specific organs. These levels of regulatory complexity
would further increase the number of loci that could potentially result in mu-
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Table 2 (continued)a

Species Locus Biochemical and genetic phenotypeb Cloned References

cer6c a. blocks C28 elongation
b. male sterile

T-DNA tagged 46, 53, 56,
82

cer7 a. altered stem wax but normal leaf wax walking 29, 46, 53

cer8, cer9,
cer19

a. block in substrate transfer 46, 53

cer10 T-DNA tagged 53, 56

cer21 T-DNA tagged 56
aNot intended to be a comprehensive list of wax defective mutants but rather illustrative. Putative

gene product based on phenotype only.
bAll mutants exhibit a glossy (nonglaucous) phenotype unless indicated otherwise.
cSee text for more information.
dGene identity based only on sequence similarities, not on functional assays.



tant phenotypes. Furthermore, the majority of mutant phenotypes do not sug-
gest specific blocks in the pathways, possibly because the pathways share in-
termediates or because they represent mutations in regulatory genes.

Genetic studies have contributed greatly to our understanding of wax bio-
synthesis and, in particular, to the biosynthesis ofβ-diketones and their de-
rivatives. The most illustrative studies are of thecer-c, -q,and -u mutants.
These three complementation groups are tightly linked, and double and even
triple mutants were isolated relatively frequently (13 times out of 1252cer
mutants), whereas multiple mutants of othercer loci were never seen (102).
Reversion studies of the double mutants show that single mutational events
revert both phenotypes simultaneously. This indicates that the three loci are
part of a multifunctional gene,cer-cqu,and that each complementation group
represents a separate functional domain (103). Mutants defective in one or
more of these loci are blocked in theβ-ketoacyl-elongation pathway, but the
acyl-reduction and decarbonylation pathways are relatively unaffected. De-
fects incer-q block the synthesis of allβ-ketoacyl-derived lipids; therefore,
cer-qacts early in the pathway or affects the first branch point. Thecer-cmu-
tant accumulates alkan-2-ols, which indicates a block inβ-diketone-derived
lipids. Thecer-u mutant has a decreased level of hydroxy-β-diketones and
accumulatesβ-diketones, which suggests a block in a hydroxylase.

Some mutants (cer-yyandcer-n) are candidates for regulatory genes. All
17 cer-yyalleles are dominant and change the primary alcohol composition
of barley spike wax into a composition indistinguishable from that of wild-
type barley leaf blade wax (62). To account for this phenotype, the authors
hypothesized that the mutantcer-yyallele activates the acyl-reduction path-
way in leaf blades and suppresses the acyl-reduction andβ-ketoacyl-
reduction pathways in barley spikes. The dominant nature of this mutant and
the fact that it affects three pathways are supportive evidence that it is regula-
tory. Thecer-ngene is also potentially regulatory (63). This locus affects all
lipid classes and has both dominant and recessive alleles, a property more
frequently found among regulatory genes.

Maize and Sorghum

Because maize andSorghumseedlings have a glaucous appearance and adult
leaves are glossy, visual screens for wax mutants are done at the seedling
stage. This method of screening led to the isolation of someglossymutants not
involved in wax biosynthesis. Rather, they are pleiotropic; the wax defect is
secondary. Probably the best example of this is thegl15 mutant in maize. This
mutant was originally characterized as defective in the elongation-decarbox-
ylation II pathway (ED-II) resulting in the production of wax esters that are
characteristic of adult leaves (10). Subsequent characterization and cloning
of Gl15 demonstrated that this gene is involved in epidermal differentiation
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and that the mutant defect is a premature transition from juvenile (glaucous
leaves) to adult (glossy leaves) (27, 73). Sequencing of theGl15gene revealed
that it is a homologue ofAPETALA2,a homeotic flower gene inArabidopsis
(73). Similar togl15, the glossy phenotype ofgl9 may be secondary to a de-
velopmental lesion because it has an abnormal leaf morphology (87).

Many of the maizeglossygenes have been tagged (Table 2) using a vari-
ety of transposons. One of the most striking observations to come from the
characterization of tagged alleles is that wax production is clearly cell
autonomous. In many cases where a transposon has excised, individual cells
and sectors are covered with wax crystals, whereas adjacent cells are devoid
of wax structures (20, 64, 87).

Maddaloni and coworkers reported thatgl1 either blocks an early step in
the ED-I pathway or interferes with the supply of precursors to ED-I (64).
This mutant has a dramatic reduction of alkanes, aldehydes, and alcohols, but
the level of esters is similar to wild type (note that the percentage of esters is
higher, whereas the actual level is comparable). The recently cloned gene,
Gl8, has sequence similarity toβ-ketoacyl reductases, which suggestsGl8
may encode part of an analogue (39, 109). Thegl8 mutant is epistatic togl1
because the aldehyde content of thegl1,gl8double mutant is more similar to
gl8 than togl1 (5). However, thegl1,gl8double mutant has an increased level
of shorter chain aldehydes, greater than that of either parent, and suggests a
synergistic effect (to this reviewer). Consequently, the relationship between
gl1 andgl8 is unclear.

Arabidopsis

In the past decade,Arabidopsishas become the model plant system for genet-
ics and molecular biology. Therefore, it is not surprising that it should also
become a model system for genetics and molecular biology of epicuticular
wax production. More than 21 complementation groups resulting in a glossy
phenotype have been identified inArabidopsis. In many cases, multiple al-
leles have been isolated, but for some, only one allele has been found (37, 46,
53). Because of the limited number of alleles and for reasons cited above, it is
unlikely that the wax biosynthetic pathway has been saturated with mutations
in Arabidopsis. Compositional analyses of wild-type andcer mutants have
been conducted on stems (37, 46) and leaves (46), and possible gene products
or blocked steps have been proposed (Table 2). There are also significant dif-
ferences betweenArabidopsisecotypes (46).

Hannoufa and coworkers postulated thatcer2 blocks C28 elongation be-
cause of the almost complete loss of the C29 alkane, the single major compo-
nent of stem waxes, and an increase in the shorter chain homologues. Jenks
and coworkers see a similar decrease in the C29 alkane, but they postulate
that cer2 may have regulatory functions, based on differences in the wax
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composition between leaf and stem. Such organ differences, however, may
only indicate thatCER2 is differentially expressed because the leaf wax of
cer2 is virtually identical with that of wild-type leaf.CER2has been cloned
and encodes a 47-kDa novel protein. The transcript level is high, as might be
expected for a structural gene (75). IfCER2encodes a component of the
elongase complex, it is surprising that it shows no apparent homology to any
of the fatty acid synthase proteins. It will be very interesting to see how this
story unfolds with the further characterization of the clonedCER2.

Several of thecer mutants also show reduced fertility (53). Recently, a
new mutant allele ofCER6was isolated by a screen for male sterile plants
(82). The pollen of thecer6mutant is viable as assessed by in vitro germina-
tion, but it is desiccation-intolerant under normal growing conditions because
of reduced wax levels on pollen surfaces. Similar to othercer6isolates, fertil-
ity is rescued by increasing humidity around the flowers. Interactions be-
tween the mutant pollen and the wild-type stigma are aberrant, however, be-
cause callose was formed and pollen germination was apparently random.
Because of these incompatibility responses, the authors suggest that pollen
wax plays a role in pollen-stigma interaction.

Tagging and Walking

Tremendous advances in map-based cloning techniques make it possible to
clone many genes that were previously known only by phenotype. In virtu-
ally none of the wax mutants characterized in any plant species has a gene
function been unequivocally identified on the basis of the mutant phenotype.
No loss of a specific enzyme activity has been correlated with anycer or
glossymutant. To date, the identity of only one wax gene (gl8 in maize,
cloned by transposon tagging) has been revealed by sequence similarity to 3-
ketoacyl reductase, but its role in wax biosynthesis has yet to be demon-
strated. TheCER1gene fromArabidopsishas also been cloned by transposon
tagging (1). The protein encoded byCER1has His residues that are thought
to be metal-binding sites. The decarbonylase that leads to the production of
odd chain alkanes in the alga,Botryococcus braunii, is a cobalt-requiring en-
zyme (23). This information, combined with wax compositional data show-
ing a reduction in alkanes and an increase in aldehydes (37), indicates that
CER1 encodes a decarbonylase (1). Three additionalArabidopsis genes
(CER2, 3, and4) have been reportedly cloned (36, 38, 75), but their gene
products have not been identified at the time of this review. There are at least
seven taggedCER loci in Arabidopsis, one of which,CER2,has also been
isolated by chromosome walking (Table 2). T-DNA tagging has been used
for most, but there are increasing reports ofCER loci tagged by transposons
(1, 39, 64, 65, 96). Clearly, the tagging and cloning of genes will open up
new areas of research.
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Expressed Sequence Tags

With the availability of more than 20,000 expressed sequence tags (EST)
from Arabidopsis(76), it is now easier to identify clones on the basis of their
sequence similarities to known genes. The identification of wax biosynthetic
genes is no exception. Given that most of the enzymes are membrane associ-
ated, this approach has advantages over protein purification strategies. Be-
cause of the sequence similarities between the cloned jojoba condensing en-
zyme and previously cloned KAS IIIs, the identity of the jojoba clone was
determined (39a). Similarly, the jojoba andFAE1 (41) sequences have been
used to identify sixArabidopsisESTs that are putative condensing enzyme
components of elongases (95). TheFAE1, jojoba, andArabidopsiscDNAs
encode 56–60-kDa proteins, have membrane-spanning domains, and have
two completely conserved Cys residues; one is potentially in the active site.
Preliminary data indicate that some of theArabidopsisESTs are expressed in
all organs except seed and root (J Todd, D Post-Beittenmiller & J Jaworski,
unpublished manuscript), a pattern that is consistent with the expected ex-
pression of an elongase involved in wax biosynthesis. In contrast,FAE1 is
expressed only in seeds, which is expected for a condensing enzyme involved
in erucic acid biosynthesis (41).

ENVIRONMENTAL FACTORS
In addition to developmental controls, cuticular lipids are synthesized in re-
sponse to environmental signals such as light intensity, photoperiod (101),
humidity (91), chilling (77), and seasonal variation (34). One dramatic re-
sponse of wax production to environmental stimuli is observed during tissue
culture, where the relative humidity is high and wax production is low. When
tissue-culture-grown plants are moved to a less humid environment (i.e.
greenhouse or growth chamber), wax production is stimulated, and within
days the plant synthesizes a complete and protective coating of wax.Brassica
oleracea greenhouse-grown plants have 10-fold more wax than tissue-
culture-grown plants, and the decarbonylation pathway is stimulated prefer-
entially (91). During the hardening-off period, more wax is produced on new
leaves than on leaves that emerged during culturing, which suggests that rap-
idly expanding tissues have a greater capacity for wax production than non-
expanding tissues (92).

CONCLUSIONS AND FUTURE PROSPECTS
The ubiquitous presence of cuticular wax is testimony to its essential role in a
plant’s adaptation to an aerial environment. The fact that environmental fac-
tors influence wax composition and quantity is evidence that wax production
is an actively regulated process. The diversity of wax components is evidence
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of the wealth of genes devoted to wax production. The differential regulation
of cuticular wax production by tissue, organ, and developmental stage pro-
vides sophisticated controls on the expression of a complex biosynthetic
pathway. The biosynthesis of plant cuticular wax has been studied for over
three decades, with pioneering work done in several laboratories using ele-
gant biochemical and genetic approaches. In spite of these efforts, we still
know little about the factors that regulate the partitioning of fatty acid precur-
sors and coordinately regulate the synthesis of waxes with the synthesis of
cutin and glycerolipids. The cloning of wax biosynthetic genes has just be-
gun, and it promises to open many new paths and bring exciting discoveries.
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